Oil sands are surface exposed in river valley outcrops in northeastern Alberta, where flat slabs (tablets) of weathered, bitumensaturated sandstone can be retrieved from outcrop cliffs or from riverbeds. Although the average yearly surface temperature of this region is low (0.7°C), we found that the temperatures of the exposed surfaces of outcrop cliffs reached 55 to 60°C on sunny summer days, with daily maxima being 27 to 31°C. Analysis of the cooccurrence of taxa derived from pyrosequencing of 16S/18S rRNA genes indicated that an aerobic microbial network of fungi and hydrocarbon-, methane-, or acetate-oxidizing heterotrophic bacteria was present in all cliff tablets. Metagenomic analyses indicated an elevated presence of fungal cytochrome P450 monooxygenases in these samples. This network was distinct from the heterotrophic community found in riverbeds, which included fewer fungi. A subset of cliff tablets had a network of anaerobic and/or thermophilic taxa, including methanogens, Firmicutes, and Thermotogae, in the center. Long-term aerobic incubation of outcrop samples at 55°C gave a thermophilic microbial community. Analysis of residual bitumen with a Fourier transform ion cyclotron resonance mass spectrometer indicated that aerobic degradation proceeded at 55°C but not at 4°C. Little anaerobic degradation was observed. These results indicate that bitumen degradation on outcrop surfaces is a largely aerobic process with a minor anaerobic contribution and is catalyzed by a consortium of bacteria and fungi. Bitumen degradation is stimulated by periodic high temperatures on outcrop cliffs, which cause significant decreases in bitumen viscosity.
T he world's largest oil sands deposit, located in western Canada, is contained in Lower Cretaceous sandstone formations in the Western Canadian Sedimentary Basin at depths of 0 to 800 m below the surface (mbs) (1, 2) . Surface oil sands deposits are found in river valley outcrops ( Fig. 1 ), where they are further changed by oxidative biodegradation and weathering.
Oil sands hydrocarbon formed 84 million to 55 million years ago in tide-controlled river and estuarine sediment source rock, from where it migrated upwards and eastwards to accumulate at the northeastern margins of the basin centered around Fort McMurray, Alberta, Canada (2) (3) (4) . The oil became severely biodegraded during this journey and following its placement at low depth and low temperature in the Athabasca, Cold Lake, and Peace River oil sands deposits that exist today. Biodegradation of low-molecular-weight components caused the oil to become more viscous, with the viscosity ranging from 1 cP for initially formed nondegraded light oil to 10 6 cP for heavily biodegraded, eastern Athabasca oil sands bitumen, which is currently in place (5) (6) (7) (8) (9) (10) (11) . Bitumen is therefore depleted of low-molecular-weight aliphatic and aromatic hydrocarbons and enriched in polyaromatic hydrocarbons (PAHs), including alkylnaphthalenes or alkylphenanthrenes, as well as in naphthenic acids (NAs), resins, and asphaltenes (12) (13) (14) . The fraction of heteroatom (S, O, and N)-containing organic compounds increases from about 25% (wt/wt) in the Peace River oil sands to nearly 60% (wt/wt) in parts of the Athabasca oil sands.
These high-molecular-weight (HMW) components are structurally diverse, causing individual compounds to be present at low concentrations, which compromises their biodegradation. The synthesis of specific enzymes requires an energy investment, which can be recouped only if a sufficient concentration of substrate molecules is present. The action of specific enzymes also suffers if structurally similar compounds act as competitive inhibitors. Hence, although microorganisms which can grow by degrading specific NAs (15, 16) or PAHs (17) have been isolated, these substrates degrade more slowly when present at ultralow concentrations in a bitumen mixture. For example, NA mixtures representing 10 3 to 10 4 compounds from oil sands bitumen end up in tailings ponds at concentrations of up to 100 mg/liter (18) . Because NAs make tailings pond waters toxic to aquatic life, their degradation has been studied extensively. Degradation in ponds has been found to be slow. It is promoted by random oxidation (e.g., chemical ozonation), in which reactive oxygen species generate smaller, less diverse substrates for subsequent biodegradation (19) (20) (21) . The oil sands are naturally exposed to the surface in outcrop sections along the Athabasca-Clearwater River drainage networks. A comprehensive characterization of 78 outcrop sections focused on geologic setting, sedimentology, and facies analyses has been published (22) . These outcrops range from being very remote to easily accessible, like those along the Horse River and Saline Creek near Fort McMurray, Alberta (Fig. 1A) . Bituminous sandstone tablets can be retrieved from outcrop slopes (Fig. 1B) or from the river or creek beds (Fig. 1C) . These can easily be broken to show the presence of black bituminous sands (Fig. 1D ). River water in contact with outcrop slopes often shows the presence of extracted surface oil (Fig. 1E) .
Bituminous sands are exposed to air at these outcrops, and degradation may involve both oxic and anoxic processes (13) . In early work, the bitumen in sands in contact with Athabasca River sediment was found to biodegrade faster than the bitumen exposed to river sediments that had no prior contact with oil sands, indicating the importance of local outcrop microbial communities (23) . Since then there has been a significant effort in studying the microbial communities involved in the biodegradation of oil sands components (especially NAs), with a focus on oil sands tailings ponds (10, 11, 14-16, 18-21, 24) . However, the microbial communities found in natural oil sands outcrops and the mechanisms through which these deal with the diversity of hydrocarbon components in bitumen have not received much attention. These are therefore the focus of the current contribution.
MATERIALS AND METHODS
Sample collection and site temperature measurement. Samples were collected from natural oil sands outcrop sections along the Horse River (H) and Saline Creek (S) in the vicinity of Fort McMurray, Alberta, Canada. Samples collected in 2007 were mostly from outcrop cliffs (OC2007; a total of 2 kg). These were broken aseptically into small pieces (ϳ0.5 g) in the laboratory and were then mixed in Ziploc bags in lots of 100 g prior to freezing. Samples collected in 2011 were bitumen tablets both from the Horse River and Saline Creek outcrop cliffs (samples HC and SC, respectively) and from the river or creek bed (samples HR and SR, respectively; here samples from the river or creek bed are called river samples), as indicated in Table 1 . These were stored individually in Ziploc bags. Ten of these (Table 1, samples HC1, HC2, HC3, SC1, SC2, SC3, HR1, HR2, SR1, and SR2) were used for further analysis. Samples were kept at ambient temperature until arrival in the laboratory, where the collected materials were processed and stored at Ϫ80°C. Freezing is not expected to affect the natural populations, as these are subject to multiple cycles of freezing and thawing in the course of a year. Because analyses of samples collected in 2007 indicated the unexpected presence of thermophiles, temperatures at the collection sites were measured in September 2011 using an Omegaette HH303 type K thermometer with two stainless steel thermoprobes of 6 in. (15.2 cm) in length and 1/16 in. (0.16 cm) in diameter. These were calibrated using constant-temperature water baths at 4 and 60°C. Temperatures were recorded with the probes either touching the outcrop surface or being suspended in the air approximately 5 cm above the surface. The average temperature was obtained from three independent readings. DNA extraction. DNA was isolated from the combined OC2007 sample and from 10 individual tablets collected in 2011 (Table 1 ). The latter were cleaved so that they appeared like the tablet shown in Fig. 1D , and 0.5-g portions were taken aseptically, using a sterilized spatula, from the surface (depth, 0 to 0.5 cm) and the center (depth, 1 to 2 cm) parts for DNA extraction, resulting in a total of 23 samples (Table 2 ). This included sample mixtures HC_M (HC1 and HC3, all parts) and HR_M (HR1, all parts), which were used for metagenomic sequencing. The contents of four 2.0-ml microcentrifuge tubes each containing 0.5 g of a single sample were mixed with 978 l of sodium phosphate buffer and 122 l of MT buffer from a FastDNA spin kit for soil (MP Biomedicals). The tube contents were homogenized in the FastPrep instrument for 40 s at a speed setting of 6.0 m/s. They were centrifuged at 14,000 rpm (which was used throughout the study) for 10 min to pellet the debris, and the supernatants were transferred to fresh 2.0-ml microcentrifuge tubes and mixed with 250 l protein precipitation solution by shaking the tubes by hand 10 times. Following centrifugation for 5 min, the four supernatants for the same sample were combined in a single 15-ml Falcon tube with 500 l silica binding matrix and 500 l 5.5 M guanidine thiocyanate (GTC). The contents of the Falcon tubes were then mixed by rotation end over end for 2 min on a rotating wheel to allow binding of DNA. Subsequently, the tubes were placed in a rack for 3 min to allow settling of the silica matrix; 500 l of the supernatant was removed and discarded. Silica matrices were then resuspended, and 600 l of the suspensions was transferred to spin filters. The spin filters were centrifuged for 1 min, and the catch tubes were emptied. This process was repeated until all of the silica matrix had passed through the spin filters. The silica binding matrices were then washed by treatment with 600 l GTC solution, resuspension, and centrifugation. This process was repeated until the matrices regained their original color. The SEWS-M solution (500 l) from the FastDNA spin kit was added to the pellets in spin filters, and these were resuspended by pipetting up and down. The tubes were centrifuged for 1 min, and the matrices were dried by centrifugation for 2 min. Subsequently, the spin filters were allowed to air dry for 5 min at room temperature. The binding matrices were resuspended in 100 l of DNase-and pyrogen-free water (DEX) and incubated at 55°C in a heat block for 5 min. Finally, the DNA was eluted into 1.5-ml microcentrifuge tubes by centrifugation for 1 min. The DNA concentration was determined with a Qubit fluorometer using a Quant-iT doublestranded DNA HS assay kit (Invitrogen). The DNA was stored at Ϫ20°C for future use. Pyrosequencing of small-subunit rRNA amplicons. PCR was performed using 12.5 pmol of primers 926f (AAA CTY AAA KGA ATT GRC GG) and 1392r (ACG GGC GGT GTG TRC) per 50-l reaction mixture containing 0.1 to 10 ng of DNA template as well as 2.5 units of Taq or TopTaq DNA polymerase and the other reagents prescribed by the manufacturer (either Fermentas or Qiagen). PCR was for 25 cycles of 30 s at 95°C, 45 s at 55°C, and 90 s at 72°C with a final elongation of 10 min at 72°C (11) . The amplicons were purified by agarose gel electrophoresis, using SYBR green to stain the gels. A QIAquick gel extraction kit was used to extract amplicons from the gel. The purified amplicons (1 to 30 ng) were used for a second PCR with FLX Titanium primers 454T_RA_X and 454T_FwB for 10 cycles as described above for the first PCR. The PCR amplicons were purified with an EZ-10 spin column PCR purification kit (Bio Basic Inc.) and then with a QIAquick PCR purification kit (Qiagen). The final products were quantified with a Qubit fluorometer. The purified 16S/18S rRNA amplicons (typically, 300 ng in 30 l) were sent to the McGill University and Genome Quebec Innovation Centre, Montreal, Quebec, Canada, for pyrosequencing.
Analysis of amplicon pyrosequencing data. Processing of raw 16S/ 18S rRNA sequences with the Phoenix2 16S rRNA pyrotag pipeline (25) eliminated sequences that (i) did not perfectly match the adaptor and primer sequences, (ii) had ambiguous bases, (iii) had an average quality score below 27, (iv) contained homopolymer lengths greater than 8, (v) were shorter than 200 bp after primer removal, or (vi) represented chimeric sequences. Quality-controlled sequences were clustered into operational taxonomic units (OTUs) at a 5% distance. Rarefaction curves and additional alpha diversity indices were calculated for each amplicon library, including the number of OTUs estimated with the Chao1 index (26); Shannon's diversity (H) index (27) ; and Good's coverage (G; in percent), calculated as G ϭ 100[1 Ϫ (n/N)], where n is the number of singleton phylotypes and N is the total number of sequences in the sample ( Table 2 ). The Bray-Curtis index was used as a measure of dissimilarity between communities, clustered into Newick-formatted trees using the unweighted pair group method using average linkages (UPGMA) algorithm implemented in the mothur software package (28) . The sample relation tree in Newick format was visualized using MEGA software (29) . The OTUs were assigned to taxa in the SILVA small-subunit rRNA data- a The samples are described in Table 1 ; Oxic_4, Oxic_55, Anoxic_23, and Anoxic_60 are enrichments of OC2007 at the indicated temperatures (4, 55, 23, and 60°C, respectively) in air (oxic) or in H 2 -CO 2 (anoxic). The samples are listed from top to bottom in the same order as the branches in the dendrogram in Fig. 3A .
b Biodiversity indices were calculated using a normalized number of 1,490 reads (observed for HC3_C).
base, release 108, using the RDP classifier. For network analysis (30) , 44 orders present in more than 12 samples were selected, and their percent abundances were used to calculate the correlation values among these orders using the otu.association function of the mothur software package, version 1.27. Networks of orders were then built using positive correlation thresholds ranging from 0 to 1. A threshold of 0.6 was used to extract positively correlated orders, and the corresponding network was visualized with the Cytoscape program, version 2.8.3 (65) . Shotgun metagenome sequencing and data analysis. Samples HC_M and HC_R, used for metagenomic sequencing of Horse River cliff and Horse River water communities, respectively, were broken up and mixed well, after which samples of 143 and 16.5 g, respectively, were used for DNA extraction using the FastDNA spin kit for soil. The combined DNAs (2,782 and 4,661 ng, respectively) were then subjected to CsCl gradient centrifugation. This additional step was added because it resulted in increased read lengths. Purified DNAs were subjected to pyrosequencing with a Genome Sequencer FLX instrument and a GS FLX Titanium series kit XLR70 (Roche Diagnostics Corporation) at the McGill University and Genome Quebec Innovation Centre, Montreal, Quebec, Canada, as described elsewhere (11) .
Quality control of shotgun metagenomic reads removed sequences that (i) had ambiguous bases, (ii) had an average quality score below 25, (iii) contained homopolymer lengths greater than 6, (iv) were shorter than 100 bp, and (v) had artificial duplicates generated during the 454 sequencing identified using the UCLUST algorithm (31) with Ϫid 0.90Ϫidprefix 5 options. Functional genes encoding proteins involved in hydrocarbon degradation and methane cycling were sought in the remaining high-quality metagenomic reads using hidden Markov models (HMMs) with the Frame Shirt Tolerance algorithm on a TimeLogic Decypher system (Active Motif, Inc.) and a cutoff E value of 1eϪ5. Where available, HMMs downloaded from the Pfam database (32) and FunGene functional gene pipeline and repository (33) were used to identify gene families. In-house HMMs were made for genes for which no Pfam models existed and for which a minimum of four representative sequences were available in GenBank by aligning amino acid sequences using the T-Coffee server and curating the alignments using the GeneDoc program (34) . Edited alignments were used as input to HMMER software to create HMMs (35) .
The Tera-Tblastn algorithm on the TimeLogic Decypher system was used to screen fungal cytochrome P450 (CYP), lignin peroxidase, and manganese peroxidase gene reference sequences obtained from the Fungal Cytochrome P450 Database (36) and the fungal peroxidase database (37) against the quality-controlled metagenome reads. The retrieved metagenome reads of each gene family were searched against the sequences in the RefSeq protein-coding database using the Diamond blastx program (38) and a cutoff E value of 1eϪ5. The generated sequence alignment/map (SAM) format search results were imported into the MEGAN program (39) to explore the taxonomic composition of the functional genes. The gene counts were normalized by the hits of the RNA polymerase rpoB housekeeping gene (FunGene HMM).
Incubations of outcrop sample OC2007. Incubations of outcrop sample OC2007 were at either a low (4 or 23°C) or a high (55 or 60°C) temperature. The high temperatures were either just above or just below the maximum temperatures measured on outcrop slopes (Fig. 2) . Aliquots (10 g) of sample OC2007 were combined with 50 ml modified CSBK medium (see Table S1 in the supplemental material for the composition of modified CSBK medium) in 160-ml serum bottles. These were given a headspace of air and incubated at 4 or 55°C for 4 months (incubations Oxic_4 and Oxic_55, respectively), a headspace of N 2 -CO 2 and incubated at 23 or 55°C for 7 months (incubations Anoxic_23 and Anoxic_55, respectively), or a headspace of 80% (vol/vol) H 2 and 20% CO 2 (H 2 -CO 2 ) and incubated at 23 or 60°C for 4 months (incubations Anoxic_23 and Anoxic_60, respectively). Incubations were in the dark without shaking. The headspace oxygen or methane concentrations were determined by gas chromatography (GC), as described in the supplemental material. At the end of the incubations, bituminous sands were subjected to vigorous manual shaking for 2 min. The aqueous phase was then transferred to a 250-ml centrifuge bottle. The remaining solids were shaken three more times with 25-ml aliquots of sterile medium, at which point this remained clear, yielding about 125 ml in total. Biomass was collected by centrifugation with a Sorvall RC-5B refrigerated superspeed centrifuge at 12,000 rpm and 4°C for 30 min. The collected biomass was used for DNA extraction for microbial community analysis. The remaining bituminous sands were used for oil extraction and Fourier transform ion cyclotron resonance (FTICR) mass spectrometry (MS) analysis (18, 40) .
Characterization of bitumen with FTICR-MS. The bitumen contents of the OC2007 outcrop sample and of incubations of this sample were measured by extracting 10 g of outcrop material with 93% (vol/vol) dichloromethane and 7% (vol/vol) methanol, using a combination of vortexing and ultrasonic treatments. Extractions were continued until the extract became colorless; 10% of the extract was then left in an aluminum bowl to dry and to be weighed. The bitumen content was expressed as the number of milligrams of bitumen per gram of sample. The remaining extracts were analyzed with a Bruker Apex 12 T Fourier transform ion cyclotron resonance mass spectrometer (12T FTICR-MS) without further separation using electrospray ionization (ESI) in negative-ion mode (ESI-N) or in positive-ion mode (ESI-P), as described elsewhere (40) . The extracted bitumen samples were diluted with equal parts of toluene and methanol to become whole oils. Immediately prior to the analysis, whole oils were spiked with a known amount of formic acid for ESI-P or ammonium hydroxide for ESI-N, as well as with Agilent ES turning mix. A syringe pump set at a flow rate of 240 l/h was employed to inject the samples into the ESI source and the mass spectrometer. The ions entered the vacuum chamber of the MS through a glass capillary and were deflected 90 degrees to continue through the instrument into the magnet and ion cyclotron resonance (ICR) cell by ion optics (skimmers, funnels, quadrupole, and optics). A broadband swept-frequency excitation was applied to excite the ions to a detectable cyclotron radius. The ICR signals from the orbiting ions were induced and recorded by the two opposed detection electrodes of the ICR trap; 200 scans per sample were collected in a typical run to improve the experimental signal-to-noise ratio. The mass range was set between 165.88 and 1,400.00 Da. A calibration was run daily, and internal standards were included in each sample suite to ensure accuracy. The mass-resolving power (m/⌬m50%, in which ⌬m50% denotes mass-spectral-peak full width at half height) was higher than 500,000 at 400 Da for all experiments, and the mass accuracy was subparts per million (typically, less than 200 ppb). The data were processed with Composer software respectively). Ragnarök software (Aphorist Inc.), a data processing tool for quantitation, visualization, and interpretation of multisample FTICR-MS data, was used for data analysis and visualization.
Nucleotide sequence accession numbers. The raw 16S/18S rRNA amplicon sequences are available from the Sequence Read Archive (SRA) at NCBI under the accession numbers listed in Table 2 . As well, further data have been deposited in the SRA under accession numbers SRX327733 and SRX327734.
RESULTS
Temperatures at oil sands outcrop collection sites. Samples were collected from the Horse River and Saline Creek outcrop cliffs (samples HC and SC, respectively) and from the river or creek bed (samples HR and SR, respectively). The former are exposed to more variable conditions with respect to temperature and water exposure in the form of rain or snow. The maximum temperatures reported by Environment Canada for Fort McMurray on 6 and 7 September 2011 were 27.2 and 31.0°C, respectively. On those days, the highest temperatures recorded between 2 and 4 p.m. in the air immediately above the outcrop surface were 33 and 38°C, respectively, whereas those at the outcrop surface were 57°C (Fig. 2) . These high temperatures indicate that the bitumen-containing outcrop surface has effective heat-absorbing properties not unlike those of asphalt roads (41) . Because yearly minimum temperatures in the Fort McMurray area are below Ϫ40°C, surficial cliff microbial communities are subject to a 100°C temperature differential in the course of a year. In contrast, the typical late summer water temperature of both Horse River and Saline Creek is 15°C.
Hence, during the summer, oil sands outcrop cliffs can reach temperatures suitable for thermophilic microbial growth. Under these conditions, the bitumen viscosity is considerably decreased from in excess of 1 million cP at 20°C to on the order of 10,000 cP at 60°C (2), causing bitumen to be fluid. The flow patterns at the outcrop suggested past bitumen fluidity (Fig. 1A, arrow) , and flowing bitumen may enter the river, causing sections of still water to be covered with a sheen of oil (Fig. 1E) .
A suspension of outcrop cliff samples in a limited volume of water (1 g/ml) gave a pH of 3 to 4 under aerobic conditions. Bitumen oil sands tablets in the river and creek would not be at such a low pH, as these are continuously flushed with fresh river and creek water.
Microbial richness and diversity. A total of 171,101 good pyrosequencing reads were obtained for the V6-V8 16S/18S rRNA variable regions of DNAs extracted from the samples ( Table 2) . This included reads for Archaea, Bacteria, and Eukarya, as indicated in Table 2 . Higher fractions of reads for Eukarya were observed in amplicon libraries from cliff samples (on average, 16.4%, with 79.2% Bacteria and 4.4% Archaea) than in amplicon libraries from river samples (on average, 1.7%, with 97.3% Bacteria and 1.0% Archaea). The low fractions of Archaea were not caused by primer bias. The primer pair used detects large fractions of Archaea, when present (11) .
A total of 159,487 reads for Archaea and Bacteria were grouped into 4,750 operational taxonomic units (OTUs) at a cutoff of 5% ( Table 2 ). The average Good's coverage of 96% suggested that the majority of the phylotypes present in the samples were identified ( Table 2 ). The estimated total number of normalized OTUs detected in the libraries of river samples ranged from 455 to 1,063, whereas that in the libraries of cliff samples ranged from 186 to 458. This indicates a higher prokaryotic community diversity in the river samples than in the cliff samples. The normalized Shannon diversity index was also higher for amplicon libraries from river samples (3.59 to 5.42) than for amplicon libraries from cliff samples (2.74 to 4.21). Amplicon libraries derived from the surface and the center parts of the bitumen tablets had similar diversity parameters (Table 2) .
Intersample comparison of the 16S/18S rRNA amplicon libraries. Comparison of the amplicon library compositions through the use of a dendrogram, generated using the UPGMA algorithm clustering method with a distance cutoff of 0.42, indicated that the libraries for river and cliff samples clustered separately (Fig. 3A) . All 9 libraries for microbial communities from river samples clustered together in the River_1 cluster, while 13 libraries for microbial communities from cliff samples formed a major cluster (Cliff_3, 10 libraries) and a minor cluster (Cliff_4, 3 libraries). The amplicon library for the mixed outcrop sample OC2007 was distinct (Fig. 3A, OC2007 ). Microbial community compositions at the surface and in the center of a sample were similar in only two cases (Fig. 3A , samples SC2_S and SC2_C and samples SC3_S and SC3_C) but were otherwise distinct. In particular, all libraries for cliff center samples HC3_C, HC2_C, and SC1_C from Cliff_4 had a large fraction of Archaea/Euryarchaeota ( Fig. 3D ; Table 2 , 10.0 to 28.3%), which were less represented at the surface (Table 2 , 0 to 0.6%).
The distribution of pyrosequencing reads over the archaeal, bacterial, and eukaryal taxa in the amplicon libraries for the 23 field samples is indicated in Fig. 4, taxa 1 The amplicon library for the OC2007 sample indicated a large fraction of the anaerobic thermophilic fermentative bacterium Clostridia_Thermoanaerobacter (Fig. 4, taxon 34 ). Other taxa with the term "thermo-" in their phylogenetic description and found in OC2007_2 included Caldanaerobacter, Methanothermobacter, Thermotoga, Thermomonas, Caldimicrobium, and Thermanaeromonas (see Table S2 in the supplemental material). Cliff_4 samples HC3_C, HC2_C, and SC1_C also had significant fractions (but smaller amounts than OC2007) of these thermophilic taxa (see Table S2 in the supplemental material), likely due to the high temperatures experienced on outcrop slopes (Fig. 2) .
Cooccurrence analysis (30) indicated the presence of two distinct networks in cliff tablets (Fig. 5) Fig. 3 (green, River_1 cluster; yellow, OC2007_2 cluster; purple, Cliff_3 cluster; blue, Cliff_4 cluster). The sum of the numbers in each column is the fraction of the amplicon library that is represented.
Network II was widely distributed in cliff tablets, whereas network I was present in river samples and in the center of a subset of cliff samples represented by Cliff_4 (Fig. 6, samples HC2_C, HC3_C , and SC1_C). The surface of the tablets in this subset was still dominated by network II (Fig. 6) .
Shotgun metagenomic analysis. The metabolic potentials of the microbial communities in the river and cliff samples were investigated using mixed river (HR_M) and cliff (HC_M) samples collected at Horse River in 2011. The average concentration of DNA extracted from HR_M samples (282 Ϯ 117 ng/g; n ϭ 2) was higher than that of DNA extracted from HC_M samples (19.5 Ϯ 13.3 ng/g; n ϭ 15). The 16S/18S rRNA pyrotag results showed that the microbial communities of samples HR_M and HC_M clustered with the River_1 and Cliff_3 communities, respectively (Fig. 3A) , indicating that these are representative of the microbial communities in river and cliff samples.
A total of 548,460 and 436,518 quality-controlled reads were obtained from samples HC_M and HR_M, respectively, and their average lengths were 773 and 779 bp, respectively ( Table  3) . The 420 and 278 16S rRNA gene sequences identified in HC_M and HR_M, respectively, mostly represented Bacteria. For the 18S rRNA genes, a total of 139 and 15 sequences were detected in HC_M and HR_M, respectively, of which 64% and 13%, respectively, represented fungal sequences. This confirmed the elevated presence of fungi in cliff samples. At the order level, the microbial community compositions indicated by the amplicon and metagenomic data were similar for HR_M but not for HC_M, which had a higher proportion of orders from network II and a lower pro- portion of orders from network I in the metagenomic composition data (see Table S4 in the supplemental material).
Genes for aromatic di-and mono-oxygenases, which incorporate both oxygen atoms or one oxygen atom from O 2 into monoor polyaromatic hydrocarbons (42) , and for protocatechuate 3,4-dioxygenase were found in both metagenomic libraries, with a higher relative abundance of monooxygenases and of protocatechuate 3,4-dioxygenases being found in HC_M (Table 3) . Taxonomic assignment indicated that all were of bacterial origin (see Table S5 in the supplemental material). Fungi attack PAHs with cytochrome P450 (P450) monooxygenases and with soluble extracellular enzymes, including lignin peroxidase, manganese peroxidase, and laccase (43) . Of these, the CYP52, CYP53, and CYP504 P450s, known to be involved in hydrocarbon degradation (44) , had higher relative abundances in HC_M than in HR_M (Table 3) . Fungal manganese peroxidases and laccases were detected with similar abundances in both metagenomes (Table 3) .
Under anoxic conditions aromatic compounds are metabolized through alternate pathways, including fumarate addition, O 2 -independent hydroxylation, and carboxylation. Genes for benzylsuccinate synthase (bssABCDE), ethylbenzene dehydrogenase (EB_dh), ATP-dependent class I benzoyl coenzyme A (CoA) reductase (brcABCD), and ATP-independent class II benzoylCoA reductase (bamBCDEFGHI) were found in HR_M at low frequencies but not in HC_M (Table 3) . We did not find sequences for key metabolic genes involved in methanogenesis (e.g., mcrA) in either of the metagenome libraries. However, genes for particulate methane monooxygenase (pmoA) were found in both metagenomes ( Table 3) . The presence of genes for sulfur oxidation enzymes (soxY and soxZ) in both metagenomic libraries may explain the low pH (3 to 4) of suspensions of outcrop cliff samples in water as being caused by the oxidation of reduced sulfur minerals (e.g., sulfides) to sulfuric acid by these enzymes. Low-pH conditions would stimulate acidophilic Acetobacteraceae and Aci- dobacteria (Fig. 4, taxa 1, 3, 13 , 16, and 27) (45, 46), which were highly represented, especially in Cliff_3 communities. Microbial communities in low-and high-temperature incubations. Because of the presence of potentially thermophilic taxa ( Fig. 4 ; see also Table S2 in the supplemental material), OC2007 was tested for community shifts at a low or high temperature. Incubations of 10 g of OC2007 in 50 ml CSBK medium at 4 and 55°C (incubations Oxic_4 and Oxic_55, respectively) were flushed with air every 2 weeks, and following 4 months of incubation, bitumen degradation was evaluated by FTICR-MS. Determination of headspace oxygen concentrations (see the supplemental material) indicated that these incubations did not become oxygen depleted (results not shown). Duplicate anoxic incubations with a headspace of N 2 -CO 2 at either 23 or 55°C were monitored for the production of headspace methane for 7 months, but none was found. Duplicate incubations were therefore also done with a headspace of H 2 -CO 2 at 23 and 60°C (incubations Anoxic_23 and Anoxic_60, respectively). After 4 months, the Anoxic_23 incubations had 54 and 13 mol/liter of methane. The Anoxic_60 incubations had 2.1 and 1.4 mol/liter of methane, similar to the values observed in controls without added OC2007.
The microbial community data obtained from pyrosequencing of the 16S rRNA amplicons at the end of the 4-month incubation period are summarized in Table S3 in the supplemental material. Both incubations of Oxic_55 had large fractions of Pedomicrobium, Anoxybacillus, Thermaerobacter, and Geobacillus. Of these, Anoxybacillus, Thermaerobacter, and Geobacillus are described to be strictly aerobic, obligate thermophiles, consistent with their presence in high-temperature oxic incubations. The low-temperature anoxic incubations shared large fractions of Geobacter, Micrococcineae, Burkholderia, Syntrophobacter, Sphingomonas, and Massilia. Only one of these incubations (Anoxic_23_1) had a large fraction of the methanogen Methanosarcina (50%; see Table S3 in the supplemental material), which likely contributed to the production of 54 mol/liter of methane in the headspace of this incubation. The high-temperature incubations Anoxic_60_1 and Anoxic_60_2 had large fractions of Ralstonia, Methanosaeta, Sphingomonas, Burkholderia, Methanoculleus, Sediminibacterium, and Methanobacterium (see Table S3 in the supplemental material). Hence, methanogens were present despite the lack of significant net methane production. Sphingomonas and the methanogenic genera Methanoculleus and Methanobacterium have previously been described in high-temperature oil reservoirs (47) .
Bitumen transformation in incubations monitored by FTICR-MS. The bitumen extraction yield of the OC2007 outcrop and its incubated subsamples was 9.7% Ϯ 1.6% (wt/wt; n ϭ 9). Significant changes in bitumen composition were observed in the acidic fraction measured in the ESI-N mode for Oxic_55_1 and Oxic_55_2 incubated for 4 months at 55°C, but not for Oxic_4_1 and Oxic_4_2 incubated at 4°C (Fig. 7, O55_1 , O55_2, O4_1, and O4_2, respectively). The last two had double-bond-equivalent (DBE) distribution patterns, which were nearly identical to those observed for the original bitumen for all compound classes, indicating low, if any, biodegradation activity.
For both O55_1 and O55_2, significant compositional changes were observed in the O 1 class, indicating an increase in bi-to tetracyclic alcohols, as well as in the O 2 class, mainly of species of the DBE3 group (Fig. 7A and B) . These could represent bicyclic naphthenic acids (NAs), which are more resistant to biodegradation than most other saturated hydrocarbons (48, 49) , resulting in their enrichment in severely biodegraded hydrocarbon deposits like those found in the oil sands outcrops. O55_1 and O55_2 also had increases in the DBE2 and DBE3 groups of species of the O 3 class, likely representing hydroxy-carboxylic acids, and (18, 40) . The sum of intensities of all DBE groups of the heteroatom class was set equal to 1. The spectra shown are for extracts of the original bitumen and of residual bitumen after incubation for 4 months at 4°C (O4_1 and O4_2, respectively) or at 55°C (O55_1 and O55_2, respectively).
of DBE3 and DBE4 groups of species of the O 4 class, likely consisting of dihydroxy-carboxylic acids and/or dicarboxylic acids ( Fig. 7C and D) .
Incubations under anaerobic conditions showed only minor, if any, compositional changes of oxygen-containing compound classes (see Fig. S1 in the supplemental material). Neither of the replicates incubated at 23 or at 60°C showed any DBE group distribution changes for the O 1 and O 3 compound classes, whereas minor changes in the DBE group distribution were observed for the O 2 compound class. Species of the DBE3 group were slightly enriched compared to their numbers in the original bitumen sample (see Fig. S1B in the supplemental material) , as shown in more detail in Fig. S1D in the supplemental material.
Hence, samples incubated under oxic conditions at 55°C showed the most significant oxidation, while incubations under oxic conditions at 4°C or under anoxic conditions at 23 or at 60°C showed no or only minor changes.
DISCUSSION
In situ biodegradation of bitumen in the Alberta oil sands is slow because of its high viscosity and its composition. Bitumen viscosity is strongly dependent on temperature, with values in excess of 10 6 cP being expected at 10°C, the resident temperature at depths of 200 to 300 mbs, where most bitumen is located (1) (2) (3) 5) . The recalcitrance of bitumen to continued biodegradation due to the near absence of low-molecular-weight components and the high structural diversity of its HMW components has already been mentioned . Biodegradation may increase in oil field outcrops, which offer two distinct degradation scenarios for bitumen-containing oil sands tablets on the cliffs and in the rivers (Fig.  1) . Tablets on the cliffs are subject to variable conditions with respect to temperature (Ϫ40 to ϩ60°C), water availability, and pH, whereas these conditions are expected to be less variable in the rivers. The harsher conditions cause the microbial populations in the cliffs to be smaller than those in the rivers, as indicated by average concentrations of extracted DNA of 19.5 Ϯ 13.3 ng/g and 282 Ϯ 117 ng/g, respectively. Both of these concentrations are higher than those extracted from oil sands cores retrieved from 200 to 300 mbs, which yielded 1 ng/g (11) . At an assumed average genome size of 3 ϫ 10 6 bp, these values translate into microbial numbers of approximately 6 ϫ 10 6 /g and 8 ϫ 10 7 /g for cliff and river bitumen tablets, respectively, and 3 ϫ 10 5 /g for subsurface cores. These estimates ignore potential differences in DNA extraction efficiency, which are unknown.
Analysis of 16S rRNA genes indicated that network I was found at the surface and in the center of all (4/4) river tablets. Network I includes orders of aerobic hydrocarbon degraders and anaerobic methanogens and syntrophs, with the latter being scarce in river tablets. Network II, which includes aerobic bacteria and fungi but which lacks orders of anaerobic organisms, was found at the surface of all tablets and in the center of 3 of 6 cliff tablets ( Fig. 3 to 6 ; Table 2 ). The other 3 of 6 cliff tablets had a center that was dominated by the anaerobic component of network I, as indicated schematically in Fig. 8 . The implication of these findings is that bitumen degradation on outcrop cliffs is a predominantly aerobic process with a minor anaerobic contribution. Bitumen degradation in this environment may be initiated by fungi, which randomly attack the diversity of bitumen hydrocarbons through cytochrome P450 monooxygenases and other oxidative enzymes, yielding products which are also metabolized through the action of bacterial dioxygenases (Table 3) . Bitumen degradation in the river is also a predominantly aerobic process with a potentially smaller involvement of fungi. The low counts of genes for enzymes involved in anaerobic hydrocarbon degradation ( Table 3 ) also indicate that, in comparison to the prevalence of aerobic degradation, this is not a prevalent process in oil sands outcrops.
There is good evidence in the literature that the biodegradation of HMW hydrocarbons is promoted by consortia of fungi and bacteria. Although pure cultures of Mycobacterium, Rhodococcus, Burkholderia, Stenotrophomonas, and Sphingomonas can degrade HMW PAHs such as pyrene, benzo[b]fluorene, and benz[a]anthracene (13, 17, 43, 50) , biodegradation rates were significantly increased in fungal-bacterial cocultures (51) . The role of fungi in these cocultures is thought to be the catalysis of extracellular oxidative reactions through enzymes similar to those used in lignin degradation (51) (52) (53) (54) (55) (56) , including fungal P450 monooxygenases (55) . Random microbial preoxidation is a necessary prerequisite comparable to the chemical preoxidation (ozonation) required for the more effective metabolism of the high diversity of naturally occurring NAs (19) (20) (21) . The involvement of oxidative exoenzymes of the fungus Pestalotiopsis in the biotransformation of extra-heavy crude oil has been demonstrated (63) , and this organism has also been shown to be involved in the enhanced biodegradation of asphalt (64) . The split of the bioenergetic benefits of bitumen degradation between the two main consortium components, fungi and bacteria, is not yet understood. We cannot derive this from the relative fractions of fungi and bacteria obtained from pyrosequencing surveys, because bitumen may not be the only carbon and energy source available in oil sands outcrops. Photosynthesis-derived carbohydrates may also feed these communities.
The 100-fold decrease in bitumen viscosity from 10 6 cP at 20°C to 10 4 cP at 60°C (2) offers a strong incentive for thermophilic bitumen biodegradation. Indeed, oxidation of bitumen components was demonstrated by FTICR-MS in 4-month aerobic laboratory incubations at 55°C but not at 4°C (Fig. 7) . The thermophilic Bacteria potentially responsible for these oxidations were identified (see Table S3 in the supplemental material). Significant fractions of thermophilic Archaea or Eukaryota were not found, indicating that fungi may not have contributed to these hightemperature oxidations. Increased aerobic degradation at higher temperatures may deplete oxygen from the center of bitumencontaining sandstone tablets, giving these a more anaerobic microbial signature, as in the Cliff_4 communities (Fig. 3, 6 , and 8). Anaerobic Firmicutes and Thermotogae, together with thermophilic methanogens (Methanothermobacter), may then initiate water-mediated hydrocarbon degradation under these conditions, as previously described for consortia of syntrophs and methanogens in mesophilic environments (8, 59 ). Unfortunately, we have not been able to demonstrate significant methane formation from bitumen at either 23°C or 55°C in incubations with an N 2 -CO 2 atmosphere. If methane is formed in the center of a bitumen sandstone tablet under in situ conditions, it may be reoxidized at the surface by methane-oxidizing Beijerinckiaceae (Fig. 4,  taxon 6 ) and methanol-oxidizing Methylobacterium (Fig. 4, taxon 2) (57, 58). High-temperature conditions are experienced in outcrops for only a limited amount of time each summer, after which thermophiles remain dormant for the remainder of the year. The long-term dormancy of thermophiles has been demonstrated in other environments, e.g., in arctic marine sediments (60) .
Microbial communities in oil sands outcrops are part of a unique ecosystem of which the functioning is still poorly understood. Other ecosystems that contain comparable highly diverse HMW hydrocarbons are marine tar balls (61) and asphalt lakes (62) . Although the chemical and physical aspects of HMW hydrocarbon degradation in marine tar balls have been well described and biodegradation is suspected, no microbial community compositions have been reported (61) . Asphalt lakes harbor small droplets of water, which were shown to have a subsurface origin and which contained a microbial community of 17 identified orders (62), of which all but 3 were also found to be major orders in the present study. The high diversity of hydrocarbon components in the asphalt (bitumen) present in the lake necessitated the use of FTICR-MS for identification of potential microbial oxidation products, as in the present study. The presence of specific microbes has not been related to the oxidation of specific HMW hydrocarbon components in either of these systems.
In summary, we have demonstrated that the bitumen in oil sands outcrop cliffs is degraded by consortia of fungi and bacteria. These cliffs can reach high temperatures of up to 60°C in the summer months, causing bitumen to be more fluid and biodegradable. Increased oxidation of bitumen components by a mostly bacterial consortium at 55°C was demonstrated under laboratory conditions. Outcrop communities have 20-fold (cliff) and 280-fold (river) higher biomass concentrations than subsurface communities, which are at a constant low temperature. An intriguing question for future research is whether enhanced microbial activity can be achieved by limited subsurface heating and oxygenation and whether such activity can decrease bitumen viscosity to allow improved production with decreased energy input.
